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Abstract
Mass spectrometry imaging (MSI) has become an important analytical tool for
the label-free chemical imaging of diverse molecules in biological specimens.
This minireview surveys some emerging methods in the context of factors that
can lead to inaccurate information in MSI, chemical and spatial aberrations,
along with their common sources. Matrix-assisted laser desorption ionization,
based on organic matrices, has become the most widely used MSI technique for
biomolecules. However, due to inherent limitations associated with the use of
organic matrices, for example, heterogeneous matrix-analyte cocrystallization,
and spectral interferences due to the matrix, laser desorption ionization (LDI)
from inorganic and nanophotonic platforms has emerged as an alternative
MSI modality with complementary advantages. In this review, inorganic and
nanophotonic platforms for LDI-MSI, their applications in imaging, notable
merits, and limitations are described.
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1 INTRODUCTION

The ability to explore the spatial distribution of chemical
species in samples is key to improving our understanding
of complex molecular phenomena that occur in organic
(eg, biological tissues) and inorganic (eg, geological sam-
ples) systems. Several molecular imaging technologies,
including fluorescence microscopy, magnetic resonance
imaging (MRI), and positron emission tomography, have
become indispensable in various disciplines, in particular,
in biomedical and clinical applications.1 Each of these
imaging modalities can provide abundance distributions
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for specific molecules in biological specimens, and some
of them, for example, MRI, can deliver such information
in vivo and in real time.1
Although the frontiers of our knowledge, especially

in biomedicine, have been remarkably expanded thanks
to these imaging technologies, the spatial information
provided by them is limited to a low number of targeted
molecules. For example, immunostaining used in histol-
ogy capitalizes on specific binding of antibodies or other
reagents to the targeted biomolecules in the tissue. A
more desired imaging technique would provide spatial
measurements for untargeted molecules, in a label-free,
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and multiplexed fashion (ie, report on several compounds
simultaneously), without sacrificing sensitivity.
Compared to other technologies, mass spectrometry

(MS) possesses a unique combination of analytical figures
of merit, including high sensitivity and dynamic range,
wide molecular coverage, tunable selectivity, fast analy-
sis time, and the ability to provide structural information
for molecules. Mass spectrometry imaging (MSI) simulta-
neously determines the spatial distributions of numerous
molecules in a sample based on mapping the correspond-
ing ion intensities.
Secondary ion MS (SIMS) was one of the earliest MSI

techniques to be developed and commercialized.2 By using
a highly focused incident primary ion beam to desorb and
generate secondary ions from the sample surface, the prin-
cipal advantage of SIMS in MSI is its routinely high spatial
resolution that can be as small as 20 nm.2,3 However, apart
fromhigh costs and complex instrumentation, another fac-
tor that has limited the widespread use of SIMS in various
MSI areas, particularly, the analysis of intact biomolecules,
is the decrease in secondary ion yields for higherm/z ions
primarily due to their extensive fragmentation.3 Recent
results based on large clusters as primary ions (eg, C60+
and Au3+) have greatly alleviated these limitations, and
established cluster SIMS as a powerful tool for biomedical
molecular imaging.4
In the wake of the pioneering work in matrix-assisted

laser desorption ionization (MALDI) MS for soft ion-
ization and analysis of intact proteins,5 MALDI quickly
became the most widely used MSI technique.6,7 As most
commercially available laser desorption ionization (LDI)
MS instruments utilize wavelengths of 337 nm (nitrogen
laser) and 355 nm (frequency-tripled Nd:YAG laser),
organic acids with strong optical absorption at these wave-
lengths, such as 2,5-dihydroxybenzoic acid (DHB), have
become the most frequently used matrices in MALDI.
However, these organic matrices are generally detected in
the same spectral range as small molecules, for example,
metabolites, thus suppressing their ionization and inter-
fering with their detection.8 Additionally, the selection
of a specific matrix in MALDI can lead to preferential
ionization and detection for certain biomolecular classes
in complex biological samples, thus limiting themolecular
coverage.
More recently, inspired by the early use of cobalt

nanoparticles (NP) and glycerol for MALDI-MS of
proteins,5 efforts were directed toward developing LDI
platforms based on inorganic substrates and matrices
to reduce signal interference for low-molecular-weight
compounds. For the fidelity of MSI, sample preparation
and MS data acquisition must not alter the native spatial
distribution of molecules in the sample. Deposition of
organic matrices in solution form onto the sample in

MALDI can cause the spreading of analytes, altering their
native distributions and reducing the spatial resolution.9
Inhomogeneous cocrystallization of the matrix and ana-
lytes in the sample can also lead to inaccurate spatial
mapping of molecules.10
To address these limitations in MSI, several matrix-

free ionization platforms, such as LDI from inorganic
substrates,11,12-15 nanophotonic16-18 and plasmonic19
ionization platforms, and some atmospheric-pressure
ionization methods,20 have emerged. Recently, a
wide variety of inorganic substrates for LDI have
been developed, including graphite,12,21-23 carbon
nanotubes,15,24 graphene,25 nanodiamonds,26 silicon
nanostructures,13,16,17,27-30 germanium,29,31 gold and
silver NP (AuNP and AgNP, respectively),32,33,34-36
core-shell NP,37 titanium oxide,14,38,39,40 zinc oxide,14,41
iron oxide,42 laser-engineered metal-based antireflec-
tion (AR) surfaces,43,44 and metal organic frameworks
(MOFs).45,46 Some of them, including desorption ion-
ization on silicon (DIOS),47 nanostructured indium tin
oxide slides for surface-assisted LDI,48 nanowire-assisted
LDI,49 silica plate imprinting LDI,50 and LDI from laser-
engineered graphene paper and polydopamine-coated AR
surfaces,44,51 have been utilized in a limited number of
imaging applications. A few inorganic materials and sub-
strates for LDI, in particular, AuNP and AgNP,33,34,36,52-55
nanostructure-initiator mass spectrometry (NIMS),30,56-59
and nanophotonic ionization from silicon nanopost
arrays (NAPAs),60,61 have been more broadly explored for
MSI.
This minireview looks at the limitations of various MSI

platforms in terms of the related spatial and chemical
aberrations. Recent developments in inorganic substrates
for LDI and nanophotonic ionization platforms are
reported with emphasis on MSI. The different platforms,
their imaging applications, figures of merit related to MSI,
limitations, and special considerations for their operation
in MSI are discussed. An outlook on potential directions
for these emerging platforms in bioanalytical areas is
given. For other areas of interest regarding these MS plat-
forms, for example, descriptions of the different inorganic
materials, synthetic protocols, desorption/ionization
mechanisms, analytical figures of merit, and applications
in other areas, the interested reader is directed to excellent
recent reviews.62,63

2 ABERRATIONS AND LIMITATIONS
INMSI

For all MSI experiments, irrespective of the imaging
platform, the goal is to obtain chemical, spatial, and some-
times quantitative information onmolecules in the sample
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F IGURE 1 Chemical and spatial aberrations in MSI. (A) Two types of chemical aberrations are shown, including generation of unknown
in-source fragments, and unusual adducts (“a” is a whole number and “X” is typically Na+ or K+). (B) Two types of chemical aberrations
associated with mass analysis, including inaccurate m/z assignment due to poor mass resolution (top spectrum) and mass accuracy (bottom
spectrum). (C) and (D) illustrate examples of spatial aberrations in MSI. (C) Matrix effect on the observed spatial distribution of M+ due to
heterogeneous concentrations of ion suppressing agents (X) in the sample. (D) Tissue section, with analyte concentration distributions, ci(x),
can undergo tearing and deformation during sample preparation resulting in distorted ion intensity images, Ii(x). They may be transformed to
reconstruct an image, Ii(T(x;µ’)), that represents the original spatial distribution of molecules (see text for details)

without compromising their original spatial concentration
distributions, ci(x), for all components of interest, i, where
x is a position vector pointing to an imaging voxel in the
tissue. In MSI, the measured ion intensity distributions,
Ii(x), are distorted by spatial and chemical aberrations.
Similar to aberrations that occur in optical systems, for
example, spherical and chromatic aberrations, deviations
from the true spatial distributions ofmolecules in a sample
during MSI and impediments in molecular assignments
can be considered as aberrations in the chemical sense.
Here, two types of aberrations in MSI are considered,
spatial and chemical aberrations (see Figure 1). These can
come from four key sources, the instrumentation,MSI ion-
ization platform, sample preparation, and the sample itself
(see Figure 1). Understanding the potential causes behind
these aberrations and developing corrective measures are
necessary for obtaining accurate chemical, spatial, and
quantitative information in MSI. In this section, spatial
and chemical aberrations that are often encountered in
MSI are discussed, along with the factors that can cause
them.

2.1 Chemical aberrations

Chemical aberrations refer to processes that obscure the
identification of compounds in a sample or alter the cor-
responding ion intensities. Sometimes, such aberrations
can be accounted for by a functional relationship, F(Ii(x),
. . . , Ij(x)), which connects a subset of ion intensities to
the concentration of a particular species, ci(x) = F(Ii(x),
. . . , Ij(x)). For example, fragmentation of a molecular ion
results in a set of fragment ion intensities that summed
together can correlatewith the concentration of the related
molecule in the tissue. These aberrations stem mainly
from instrumental factors that begin at the ionization
source and extend to mass analysis, including in-source
ion fragmentation, complex-adduct/ion formation, and
poormass accuracy and resolution (see Figures 1A and 1B).
Biochemical changes that occur during, and sometimes,
due to, sample preparation are another major source of
chemical aberrations. For example, the glutathione to
oxidized glutathione concentration ratio in mammalian
cells (iBMK) is ∼170.64 During sample preparation in
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ambient environment, this ratio can be dramatically
suppressed due to the presence of oxygen in the air.

2.1.1 Instrumental factors that lead to
chemical aberrations

Chemical aberrations associated with instrumentation
usually begin at the ion source and involve physical
and chemical processes that complicate the assignment
of chemical species. In-source fragmentation is one
such process that can obscure molecular assignments
in cases where it results in complete elimination of the
precursor ion and production of unknown fragment
ions (see Figure 1A). This can occur in some inorganic
and nanophotonic LDI platforms in case of higher laser
fluences compared to conventional MALDI. Inferring
chemical images for the intact ions from the spatial distri-
bution of the fragments is often misleading as it requires
knowledge of the fragmentation products, their potential
precursors, and the extent of in-source fragmentation.
Adduct ion formation, for example, (M+2K-H)+,

(M+2Na-H)+, (M+K+Na-H)+, and (2 M+H)+, where
M corresponds to the molecular species, is another pro-
cess that can complicate peak assignments, and is often
observed in inorganic LDI platforms (see Figure 1A).
This can be especially problematic for the identification
of unknown compounds, which often requires several
orthogonal methods, for example, tandem MS and ion
mobility data. Additionally, determining all ionic forms for
a given molecular species and combining their intensities
are essential for quantitative MSI.
Limitations onmolecular coverage are part of the chem-

ical aberrations for LDI-MSI based on inorganic and
nanophotonic platforms. In particular, although many
of these platforms exhibit enhanced ionization for small
molecules and certain lipid classes, for example, neutral
lipids, they generally lag in their capacity to ionize and ana-
lyze larger biomacromolecules, particularly proteins, com-
pared to conventional MALDI.
Chemical aberrations can also stem from factors

associated with limitations of the mass analyzer, most
importantly, from its mass accuracy and resolution. Lack
of sufficient mass accuracy and resolution can result in
determining the m/z with some error and the inability to
distinguish close to isobaric ions (see Figure 1B). For exam-
ple, the principles of m/z measurement in an Orbitrap
impose fundamental limitations that can compromise its
mass resolution and mass accuracy resulting in chemical
aberration. Space charge effects in an overfilled Orbitrap
can affect the measured frequency of their axial oscilla-
tions, thus reducing the mass accuracy and resolution.65

2.1.2 Sample preparation

Even with superior instrumentation, the spatial distribu-
tion and chemical information acquired in MSI depend
largely on sample collection and preparation prior to imag-
ing. Some of the chemical information can be distorted if
proper care is not taken during sample preparation. For
example, the turnover rate for important metabolites in
metabolically active specimens, such as adenosine triphos-
phate and glucose 6-phosphate, can be on the order of 1
s.66 Such chemical aberrations can be typically minimized
by following sample preparation steps that are designed to
preserve the sample, such as snap freezing in liquid nitro-
gen, and, less commonly, heat stabilization that slow down
and halt endogenous enzymatic breakdown of analytes,
respectively.7

2.2 Spatial aberrations

Spatial aberrations are defined as distortions of the true
distributions of molecules in the sample described by a
coordinate transformation tensor, T(x;µ), with a param-
eter vector, µ, due to, for example, stretching or tear-
ing of the tissue section. The transformation tensor con-
nects the undistorted concentration distributions, ci(x), to
the reconstructed ion intensity distributions, Ii(T(x;µ’), via
ci(x) = F(Ii(T(x;µ’)), . . . , Ij(T(x;µ’))), similarly to an image
registration process,where optimized parameter values,µ’,
are determined by seeking the best match with the undis-
torted distribution67:

𝛍′ = 𝑎𝑟𝑔min
𝛍

𝐶 (𝛍) .

Here, C(µ) is the cost function gauging the difference
between the undistorted and reconstructed distributions.
Instrumentation, sample preparation, and the sample

itself can all contribute to spatial aberrations inMSI. Addi-
tionally, some of the factorsmentioned below that can lead
to spatial aberrations in MSI, for example, sample collec-
tion and preparation, also hold true for other molecular
imaging modalities, such as fluorescence microscopy and
immunostaining.

2.2.1 Instrumentation

An important instrumental factor that can lead to aber-
rations is the spatial resolution (lateral and depth) of
the imaging technique. Any instrumental limitation that
affects the spatial resolution can lead to spatial aberration.
Poor spatial resolution in MSI can lead to pixelated
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chemical images and to missing the fine details of the
molecular distributions throughout the sample.
For LDI-MSI in the scanning microprobe mode, the

best attainable lateral spatial resolution is dependent on
the focal spot diameter. Thus, for conventional focusing
optics, it is diffraction limited. Accordingly, for a laser
beam with wavelength of λ, the smallest analysis spot
size is defined by the smallest Airy disk diameter, 2R, that
in turn depends on the focal length, f, and the aperture
diameter, d, for the focusing lens, 2R = (4λ/π)(f/d). The
depth resolution is limited by the depth of focus (DOF)
expressed as DOF= (8λ/π)(f/d)2 for a Gaussian beam. The
diffraction limited focal spot size for an f = 100 mm lens
with a d= 10 mm aperture focusing a Gaussian beamwith
λ = 337 nm is 2R = 4.3 μm and DOF = 85.8 μm. Shorter
focal-length and larger numerical aperture lenses can be
used for laser ablation in transmission geometry, leading to
higher diffraction-limited spatial resolution. The diffrac-
tion limit can be sidestepped in near field regime, for
example, by delivering the laser light through a sharpened
optical fiber.68 Smaller beam spot size, however, results in
lessmaterial sampling and, thus, a rapid drop in sensitivity.
Inconsistencies in sampling by the laser beam during

LDI-MSI can also lead to spatial aberrations. Examples of
instrumental factors that can cause inconsistent sampling
include defects in stage movement and nonuniformity of
the imaging platform surface.

2.2.2 Inherent sample properties

The endogenous chemical and physical properties of the
sample can influence the ionization and, thus, detection
of compounds during imaging. The chemical heterogene-
ity of the sample, for example, salt concentration gradi-
ents across biological tissue sections, can lead to unde-
sired “matrix effects” that affect the ionization efficiency
of endogenous compounds (see Figure 1C). For exam-
ple, higher concentrations of alkali cations in certain
regions of the tissue section can enhance adduct forma-
tion for certain compounds, giving the false impression
that their innate biological levels are relatively higher in
these spots (see Figure 1C). Similarly, the extent of compe-
tition between endogenous analytes for charges can vary
from spot to spot in the sample and affect their detection.
These factors present significant limitations especially in
quantitative MSI.
Several approaches have been proposed to mitigate

complications associated with matrix effects in MSI. To
address matrix effects stemming from heterogeneous
alkali ion concentrations in biological tissue sections,
desalting prior to MSI has been proposed, thus diminish-
ing the abundance variations for these cations throughout

the sample.69 Another strategy used to account for matrix
effects in MSI involves normalizing analyte ion intensities
to the signals of corresponding internal standards.70
Heterogeneity in physical properties of the sample,

for example, tensile strength and porosity, can affect
the observed spatial distribution of ions. For example,
in desorption electrospray ionization MSI, surface con-
ductivity and roughness can both influence ion signal
considerably.71

2.2.3 Sample preparation

Sample collection and preparation are critical steps that
can significantly influence the observed spatial distribu-
tion during imaging. For example, small molecules in a
freshly harvested tissue left at near-room temperature can
diffuse to significant distances, and their original spatial
distributions can be altered. The distance traveled dur-
ing diffusion can be approximated by the diffusion length,
x = (2Dt)1/2, where D is the diffusion coefficient and t is
the elapsed time. For example, in human tissue that sits
for 10 min at 20◦C, glucose (D = 1.6 × 10−6 cm2/s) can dif-
fuse for an approximate distance of x≈ 440 μm. To put this
number in perspective, if the average mammalian cell size
is∼15 μm, glucose can spread over a distance equivalent to
∼29 cells under these conditions.
Tominimize these artifacts, samples are commonly snap

frozen in a cryogen, for example, liquid nitrogen. How-
ever, depending on the tissue, this approach can induce
fractures that can also distort the native spatial distribu-
tion of molecules. One possible way to mitigate this issue
is slow freezing of the tissue by placing it on the surface of
a prechilled aluminum sheet, followed by loose wrapping
and complete immersion in the cryogen.
Factors that can result in spatial aberrations extend

beyond sample collection. Even for tissues that are col-
lected under conditions that maximize preservation of
morphological features and chemical information, subse-
quent sample preparation steps can introduce spatial aber-
rations. In particular, tissue sectioning, handling of the
sections, and thaw-mounting them onto the imaging plat-
form can all influence the observed distribution of com-
pounds (see Figure 1D). For example, preparing thin tissue
cryosections under suboptimal temperatures or using anti-
roll plates with structural defects may introduce folds and
tears to the sections (see Figure 1D).
As it is difficult to manipulate the tissue sections to

remove these distortions, it might be necessary to use
image processing, particularly, image registration,67 to
minimize these spatial aberrations. For example, by taking
an optical image of the sample surface prior to sectioning
and an image of the distorted tissue section, the former can
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be used as a reference to realign the latter using the optimal
geometrical transformation, T(x;µ’) (see Figure 1D). Find-
ing this transformation will depend on the types of spatial
distortions (eg, tears, horizontal shear, or translation) that
occurred between the two images. The optimal transfor-
mation can in turn be used to realign the ion intensity
voxels in the image, Ii(x), thus accounting for the spatial
aberrations and providing a more accurate representation
of the ion spatial distribution, Ii(T(x;µ’) (see Figure 1D).
Other important sample preparation steps that can

introduce spatial aberrations in MSI include analyte
smearing over the tissue surface during sectioning and
matrix application in MALDI. The former can be min-
imized by finding the optimal temperature during sec-
tioning that keeps the tissue frozen without introducing
tears. Analyte spreading caused by matrix application is a
common problem in sample preparation prior to MALDI
imaging, and has been discussed extensively in previous
reviews, along with approaches that can minimize it.7

3 INORGANIC AND NANOPHOTONIC
PLATFORMS FORMSI BASED ON LDI

Although a wide variety of inorganic materials have been
developed for LDI-MS, only a few of them have been
broadly explored in MSI. In this section, these platforms
will be categorized based on their chemical composi-
tion, mainly, carbon, silicon, metals, metal oxides, and
inorganic-organic hybrid substrates/matrices. Addition-
ally, a brief section is assigned to emerging inorganic
substrates for LDI-MS that hold potential imaging capa-
bilities, namely, MOFs. Notable applications and main
advantages in MSI will be discussed for these techniques.
As the ionization processes involved in nanophotonic
imaging platforms are fundamentally different, MSI based
on these approaches will be discussed separately.

3.1 MSI by LDI from inorganic
substrates and matrices

3.1.1 Carbon-based platforms

One of the earliest inorganic matrices for LDI-MSI utilized
colloidal graphite (graphite-assisted LDI) for molecular
imaging of cerebrosides and sulfatides in rat brain tissue
sections.22 The surface of the tissue section was coated
with a dilute solution of colloidal graphite using an
airbrush, followed by laser irradiation in a raster. The pro-
duced chemical images illustrated cerebroside-rich and
cerebroside-deficient areas across the surface of the brain
tissue section. The study also demonstrated a clear advan-

tage in utilizing colloidal graphite for the detection and
spatial mapping of cerebrosides in complex lipid mixtures
compared to MALDI with DHB as the matrix.22 The same
technique and sample preparation were also employed in
MSI of small metabolites, phenolic compounds, and fatty
acids in fruit tissue sections.72 Additionally, as molecules
are desorbed and ionized from the sample surface upon
laser irradiation, compounds can be spatially mapped in
intact tissues. This was demonstrated in profiling and
imaging of plant metabolites by graphite-assisted LDI-MSI
from intact leaves and petals.23 Despite the ionization
enhancement for cerebrosides by colloidal graphite, the
application of the matrix by spraying the solution onto
the sample surface can lead to spreading of analytes
soluble in the isopropyl alcohol solvent and, thus, to
inaccurate representation of the native molecular spatial
distributions. As described later, solvent-free inorganic
matrix application under dry conditions can minimize
the spatial aberrations associated with spray-based
methods.
Other carbon-based materials have been also devel-

oped as matrices for LDI-MSI, such as two-dimensional
graphene,73 carbon nanotubes,74 and carbon dots.75 In
some of these applications, the matrix, for example,
nitrogen- and sulfur-doped carbon dots, was sprayed on
top of the sample surface that was then interrogated
with a laser for the spatial profiling of small metabolites,
such as endocrine-disrupting chemicals in animal tissue
sections.75 In a different application, the generation of car-
bon clusters in negative ion mode LDI-MS was exploited
to map the sub-organ spatial distribution of carbon nano-
materials, for example, carbon nanotubes, in animal tissue
sections.74
Compared to silicon- and metal-based platforms,

carbon-based substrates have been less used for imag-
ing applications. One of the main reasons for their
limitations is that carbon nanomaterials, for example,
carbon nanotubes, can be dislodged from the substrate
during desorption, causing contamination of the mass
spectrometer and potential instrumental breakdown.76

3.1.2 Silicon nanostructures

Based on the success of NIMS for trace analysis, it was
also utilized for molecular imaging. This platform consists
of an etched silicon substrate with ∼10-nm pores to trap
molecules, such as siloxanes, that are called “initiators.”
Rapid surface heating from laser irradiation results in
initiator vaporization from the clathrates, causing desorp-
tion and ionization of adsorbed materials. Because NIMS
is a matrix-free platform, spatial aberrations that are
commonly encountered in MALDI, such as compromised
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F IGURE 2 (A) Ion intensity images obtained by NIMS-LDI-MS for an unspecified compound (left) and clozapine (right) in a mouse
embryo and brain tissue sections, respectively. Adaptedwith permission.56 Copyright 2011, AmericanChemical Society. (B) Spatial distributions
for different lipids acquired by MALDI-MSI using AgNP in rat brain tissue sections. Adapted with permission.36 Copyright 2017, American
Chemical Society. (C) Optical image of a maize seed section and ion images for three different lipids (PC, TG, and PE) and an oligosaccharide
(Hex6) obtained byMALDI-MSI using DHB, Fe3O4 NP, and a binarymatrix consisting of the previous twomatrices. Adapted with permission.87

Copyright 2016, Royal Society of Chemistry

resolution due to analyte diffusion during wet deposition
of the matrix and crystal size effects, are not present in
NIMS, thus supporting higher lateral resolution with
smaller laser beam diameters (15-20 μm).30,56 This feature
confers higher fidelity in the spatial mapping of com-
pounds by providing finer details in the corresponding
chemical images. Further reduction in the size of the inter-
rogated region can be achieved in NIMS by using focused
ion beams (eg, Au+, Ga+, and Bi+) instead of lasers.30
Imaging applications for NIMS included detection and
spatial mapping of metabolites in tissue sections from
mouse embryos (see Figure 2A),30 normal and cancerous
human breast tissue,56 xenobiotics from mouse brain (see
Figure 2A),58 and biomarkers to aid in distinguishing
between different bacterial colonies.59
In NIMS, the porous silicon wafer also serves as a sub-

strate for chemical profiling and imaging of the tissue. As
many of the analyzed molecules in NIMS reside at the
silicon-specimen interface, in cases where it is difficult to
obtain sufficiently thin (<10 μm) tissue sections, initially
high-fluence (∼400 mJ/cm2) ablation of the sample sur-
face is required in order to remove enough of the sample so
the remaining thin section can be interrogated with lower
laser fluence (∼10 mJ/cm2).30
Generally, for some inorganic substrates and matrices,

LDI-MSI requires higher laser fluence (eg, ∼50 mJ/cm2)

relative to conventional MALDI (eg, ∼20 mJ/cm2 for
α-cyano-4-hydroxycinnamic acid). Under high laser
fluence, unknown in-source fragments generated from
thermally labile compounds that are prone to fragmen-
tation introduce chemical aberrations by obscuring
molecular assignments and the spatial distribution of
the parent ions. To address this issue, fluorinated AuNP
were introduced in NIMS to attenuate the laser energy,
and as reagents for another imaging modality, X-ray
computed tomography.77 This enabled reduced molecular
fragmentation, and allowed acquisition of anatomical and
chemical information from the same sample via different
imaging modalities.
DIOS has also been used for LDI-MSI, albeit for a

smaller number of applications. In particular, porous sili-
con nanostructures functionalized with fluorinated silane
groups were used as a substrate for direct LDI-MSI of
endogenous, for example, cholesterol, and exogenous, for
example, methamphetamine, compounds in fingerprint
sweat.78

3.1.3 Metal and metal oxide NP

Metal and metal oxide nanostructures, including NP,
can exhibit local enhancement of electromagnetic field
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through surface plasmon resonance that can reach orders
of magnitude higher field strengths than the incident
radiation.79,80 This phenomenon has given these NP a
powerful role as optical antennas in biosensing,79 spectro-
scopic (eg, fluorescence) imaging,81 and laser ablation and
ionization,68 thus paving the way for their applications in
LDI-MSI.
Various noble metal NP were developed as substrates

and matrices for LDI and used in numerous imaging
applications. Both AgNP and AuNP have found novel
applications in molecular imaging of certain lipid classes.
An advantage of using alkylamine-derivatized AuNP as
a matrix in MSI was demonstrated by the enhancement
in the detection and localization of glycosphingolipids
in mouse brain tissue sections.54 The derivatized AuNP
demonstrated ∼20 times higher sensitivity for these com-
pounds compared to MALDI with DHB. Similarly, AgNP
implanted into different tissue sections by magnetron
sputtering, for example, rat retina, heart, kidney, and
brain, were used to profile and image neutral lipids, such
as triacylglycerols (TGs), diacylglycerols, and ceramides
(see Figure 2B).33,34,36 This technique provided higher
sensitivity for these lipids over MALDI, especially in the
presence of phosphatidylcholines (PCs) in the tissue.33
Implantation of NP in the tissue by magnetron sputtering
under dry conditions can avert spatial aberrations asso-
ciated with other matrix application approaches, such as
heterogeneous particle deposition onto the sample surface
by spraying NP suspensions.
AuNP have been used as target enhancers for imaging

metabolic biomarkers in renal cell carcinoma.35 Rather
than irradiating the tissue directly with a laser beam,
materials were transferred from the tissue to the AuNP-
based platform through physical contact between the two
surfaces. Based on comparisons between chemical images
from malignant and healthy samples, some compounds,
for example, diacylglyceride and octadecanamide, were
selected as potential biomarkers for renal cell carcinoma.35
In cases where the physical properties of the tissue section
vary significantly across the region of interest, the surface-
transfer approach may circumvent spatial aberrations
that can stem from biased material sampling by the laser.
However, as with sample preparation in general, chemical
and spatial aberrations, for example, analyte degradation
and displacement, may occur during the surface-transfer
process.
In addition to biological tissue sections, the versatility of

AgNP and AuNP in MSI was demonstrated by the analy-
sis of nonbiological samples and latent fingerprints on dif-
ferent materials (eg, plastic and paper). To minimize ana-
lyte diffusion caused by NP deposition and to improve the
spatial distribution, a solvent-free approach involving ion
sputtering of AuNP onto fingerprints and counterfeits was

adopted.53 Ion intensities for small metabolites and fatty
acids were spatially profiled by LDI-MSI in latent finger-
prints, whereas minimally destructive and simultaneous
imaging of several compounds in counterfeit banknotes
revealed the use of different ink dyes.53
Large-scale screening of the ionization efficiencies for

various small molecules using different NP provided a sys-
tematic guide for selecting certain materials for the anal-
ysis and imaging of specific compounds.82 For example,
comparative LDI-MSI of plant root cross sections sputter-
coatedwith six types ofmetalNPdemonstrated differential
ionization and spatial profiling of metabolites and lipids.83
Ag, Au, and Pt appeared to be the most effective NP for
imaging a broader range of compounds compared to Cu,
Ni, and Ti.83
Despite notable advantages in using noble metal NP,

such as ionization enhancement for small molecules and
neutral lipids, the laser ablation/desorption plume gener-
ated from these platforms can sometimes contain metal
ion clusters (eg, Aun+) that may interfere with the ion-
ization and detection of other compounds. In contrast,
metal oxides, particularly, TiO2 NP84,85 and chemically
modified TiO2 monoliths,38,40 have been shown to be rel-
atively more stable LDI matrices/substrates. A compari-
son among AuNP, DHB, and TiO2 NP as matrices in LDI-
MSI of mouse brain tissue sections showed that the lat-
ter provided higher signal intensities and improved spa-
tial localization for some low-molecular-weight species,
potentially due to ion suppression by DHB and Aun+.84
More recently, sub-micron TiO2 monoliths modified with
dopamine were developed as an imaging platform with
enhanced sensitivity for small molecules and Lewis basic
lipids from aging mouse brain tissue sections compared to
TiO2 NP,38 and as a solid phase for analyte imprinting and
quantitative imaging.40 Metal oxide functional NP (fNP)
based onhematite and functionalized silicatewere used for
MSI of lipids and peptides in rat brain tissue sections with
high spatial resolution.55 The small diameter of the fNP
(d = 3.7 nm) enabled molecular imaging with improved
spatial resolution (∼15 μm).
Laser-engineered quasiperiodic AR microstructures

composed of semiconductor (silicon), metal (eg, copper),
and stainless steel NP have been recently developed as
inorganic platforms for LDI-MS, given their high light-to-
heat conversion efficiency (97 %) in the UV region.16,43,44
By coating the latter surfaces with polydopamine, the
sensitivity of these platforms can be enhanced owing to
the high UV absorption of the coating and the resulting
lower heat dissipation in the substrate.44 Polydopamine-
coated AR stainless steel substrates have been used for
LDI-MSI of lipids in mouse brain and liver tissue sec-
tions, such as TGs, PCs, and phosphatidylethanolamines
(PEs).44
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3.1.4 Hybrid LDI platforms

The inherent chemical complexity of biological samples,
particularly, variations in the competition for charges
across a tissue section, can have dramatic effects on
the molecular coverage and can lead to spatial aber-
rations. Organic and inorganic matrices/substrates have
been shown to be complementary to each otherwith regard
to preferential ionization and detection of different classes
of compounds.86 For example, although ionization of TGs
is significantly suppressed in the presence of PCs using sev-
eral organic matrices in MALDI, they can be selectively
ionized by some inorganic matrices, for example, AgNP
and Fe3O4 NP.33,87 Thus, to expand the molecular cover-
age from complex biological tissue sections and to obtain
more accurate spatial distributions for competing analytes,
organic-inorganic hybrid matrices have been developed
and implemented in MSI.
A binary matrix consisting of DHB and Fe3O4 NP has

been used to reduce bias toward ionization of certain
molecular classes over others, for example, PCs and TGs
from maize seed sections, thus providing simultaneous
spatial profiling for these lipids (see Figure 2C).87 It is
worth noting that for some compounds, for example, PEs,
TGs, and digalactosyldiacylglycerols, the ion intensities
observed with the binary matrix were still lower compared
to using Fe3O4 NP alone (see Figure 2C).87 In contrast,
the binary matrix has been demonstrated to significantly
enhance ionization of oligosaccharides compared to using
either of the two matrices alone (see Figure 2C).87
In a different application, SiO2 NP were used as 9-

aminoacridine carriers to induce controlled release of the
organic matrix from the NP upon exposure to ammonia
vapors.88 An advantage of this approach is the reduction
in analyte spreading over the sample surface as it can often
happen when applying organic matrices for conventional
MALDI using spray-based methods. This enabled LDI-
MSI with spatial resolution of ∼10 μm for single-algal-cell
imaging.88

3.1.5 Metal organic frameworks

More recently, MOFs have emerged as an LDI platform
with special characteristics, including crystalline structure
with highly uniform porosity, flexible geometrical designs,
structural rigidity, and large surface area.89 MOFs pro-
moted excellent ionization in positive and negative ion
polaritywith clean background.46 Thewide variety of com-
binations between the metals and ligands in MOFs makes
it possible to selectively enhance the ionization for certain
compounds. For example, phosphopeptide detection can

be enhanced by using zirconium-based MOFs given their
high affinity to phosphorus-containing groups.90
Although no imaging capabilities have been demon-

strated yet for MOFs, some of their special characteris-
tics, particularly, their highly uniform crystalline struc-
tures and clean spectral background, confer promising
advantages in MSI applications.

3.2 MSI by LDI from nanophotonic
platforms

When the critical dimensions of a nanostructure become
commensurate with the wavelength of the laser radiation,
their interaction can no longer be described by conven-
tional optics. Instead, these nanophotonic interactions can
exhibit new properties, for example, field enhancement
in the vicinity of the nanostructure, and the abolition of
the diffraction limit. Nanophotonic ionization relies on
such structures, for example, laser-induced microcolumn
arrays, silicon NAPAs, and elevated bowtie (EBT) arrays,
and benefits from these special interactions.16,17,91 More
generally, when the critical dimensions of a nanostruc-
ture are shorter than the characteristic lengths for various
forms of energy transport, the ensuing energy confinement
results in new forms of ion production.63
In the case of the most studied nanophotonic ionization

platform, NAPA, the periodicity of the nanoposts is com-
mensurate with thewavelength of theUV laser radiation.17
The strongest evidence for ion production based on
nanophotonic interactions in NAPA-LDI comes from the
dramatic drop in ion yields to zero as the light polariza-
tion angle is changed from p-polarized to s-polarized at a
constant fluence (see Figure 3A).17 Another nanophotonic
ionization platform, the EBT array, is derived from NAPA
by positioning chromium bowtie antennas on top of sili-
con nanopost pairs. These structures require lower laser
fluence threshold for ionization, and, thus, they can pro-
duce higher ion yields compared to NAPA-LDI through
enhanced near-field effects at the gaps in the bowties.91
InNAPA-LDI-MSI, the biological tissue section is placed

on top of the nanoposts and irradiated by UV laser pulses.
The radiation penetrates the tissue and interacts with
underlying nanoposts, leading to near-field enhancement
of the incident laser intensity and heating of the posts,
resulting in desorption and ionization of tissue material
(see Figure 3B). The absence of matrix deposition during
NAPA imaging minimizes the chemical and spatial per-
turbations in the sample, and the highly uniform array
of nanoposts reduces substrate-induced biases, or “hot
spots,” during sampling that can occur in other nonuni-
form platforms.
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F IGURE 3 (A)Dependence of verapamil (▪) and bradykinin (○) ion intensities on polarization angle,ɸ, at a constant fluence, in nanopho-
tonic ionization by NAPA. Adapted with permission.17 Copyright 2010, American Chemical Society. (B) Scanning electron microscope (SEM)
image of a HepG2/C3A cell on NAPA after laser irradiation, showing pores (see arrow) in the lamellipodia as a result of desorption of cellular
material from the nanoposts. Adapted with permission.60 Copyright 2016, Wiley. (C) Combined ion image acquired by NAPA-LDI-MSI for
three different chemical species in a mouse kidney tissue section. Adapted with permission.60 Copyright 2016, Wiley

Molecular imaging capabilities for NAPA were first
demonstrated on mouse brain and kidney tissue sec-
tions, algal cultures, and lamellipodia of human hepa-
tocarcinoma cells.60 Glycerophospholipids, sphingolipids,
and fatty acids were annotated and spatially profiled
throughout the tissue sections (see Figure 3C). More
recently, advantages of NAPA in MSI were demonstrated
in comparative studies to MALDI imaging of various lipid
classes in tissue sections from mouse brain, lung, normal
human skin, and hidradenitis suppurativa-affected human
skin.61 Compared to MALDI, NAPA provided significantly
enhanced ionization for PEs, phosphatidylethanolamine-
plasmalogens, hexosylceramides, and TGs in these com-
plex biological samples.61

4 CONCLUSIONS AND OUTLOOK

Inorganic and nanophotonic structures are emerging LDI
platforms for MSI applications. They offer particular
advantages for multiplexed imaging, including high sen-
sitivity, wide dynamic range, high molecular coverage

for low-mass compounds, no external matrix application,
improved spatial resolution, and ionization enhancement
for compounds that are typically suppressed in conven-
tional MALDI.
In addition to the chemical and spatial aberrations

for MSI discussed above, several challenges remain.
Compared to conventional organic MALDI matrices, the
synthesis and fabrication of inorganic and nanophotonic
platforms is still being developed and is less cost-effective,
thus hampering commercialization. These constraints
impose limitations on exploring the underlying desorp-
tion and ionization mechanisms, and on improving their
analytical performance. By exploring the fundamental
physical and chemical processes that are involved in
these techniques, such as laser-substrate interactions,
energy redistribution in the substrate, and desorption and
ionization mechanisms, some of the limitations of these
platforms may be better understood, and, thus, potential
solutions may be devised. These investigations can open
opportunities for achieving several desired goals, such as
enhanced detection of larger intact biomolecules (eg, pro-
teins), tunable molecular selectivity, improved sensitivity,
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reduced chemical and spatial aberrations, andmultimodal
imaging.
The growing field of single-cell metabolomics, primar-

ily limited by the small sample volume, can benefit from
the ultrahigh sensitivity for some of the inorganic and
nanophotonic LDI platforms, for example, 800 ymol for
silylated porous Si and 800 zmol for NAPA-LDI.27,92 Phe-
notypic profiling of single cells through metabolomics,
combined with single-cell proteomics and single-cell tran-
scriptomics, raises the prospect of developing single-cell
systems biology.Additionally, aswith quantitativeMSI, the
extent of ion signal variation stemming from the analyti-
cal technique is a crucial part in single-cell analysis. Cellu-
lar heterogeneity, an inherent biological phenomenon, can
be explored when the ion signal variations associated with
the technique are negligible compared to those stemming
from biological fluctuations. Thus, as some technical fac-
tors that can amplify the signal variations, such as inhomo-
geneous matrix-analyte cocrystallization in MALDI, are
absent in some of these inorganic platforms (eg, NAPA),
cellular heterogeneity can be explored with higher fidelity.
Quantitative MSI, a highly desired goal, can be further

improved by developing methods that address key limi-
tations, for example, ion signal dependence on chemical
and morphological sample properties. Combining these
aspired breakthroughs with the high sensitivity, wide
dynamic range, and high surface uniformity for some of
these inorganic platforms offers reproducible sampling
with a high fidelity for quantitation.
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